INTRODUCTION
============

Electrical neuromodulation is an important modality to treat pain when pharmacologic interventions have been unsuccessful ([@R1]). Nociceptive information is transmitted from the periphery to the central nervous system (CNS) by thin myelinated Aδ fibers and unmyelinated, small-diameter C fibers ([@R2]). Electrical stimulation that suppresses "pain" signal conduction in peripheral nerves inhibits pain before these signals enter the CNS and diverge over multiple pathways. However, currently available neurostimulation therapies for pain have been associated with limited efficacy, short-lived pain inhibition, and undesirable side effects such as hypersensitivity to the changes in body positions and potential infections at the implant site, as well as at the electrodes implanted in the vulnerable position adjacent to the spinal cord ([@R3]--[@R5]).

These neurostimulation prostheses are fundamentally limited because they must use charge-balanced alternating current (AC) stimuli to avoid evolution of electrochemical reactions and liberation of toxic by-products at the electrode-tissue interface. Accordingly, they are typically designed to excite the neural tissue and are not efficient at inhibiting it. Inhibition would be desirable for pain treatment when peripheral and central sensory neurons develop increased excitability.

To attenuate neuron activity at low frequencies of up to 400 Hz, AC stimulation works indirectly by exciting CNS inhibitory interneurons that then inhibit target neurons. When delivered at a high frequency above 1.5 kHz, AC pulses hyperexcite neurons to engender adaptive changes that result in neuronal desensitization or conduction blockade on axons (for example, refractory state of sodium channels) ([@R6]). Although it can be effective, high-frequency depolarizing AC has a set of application-specific challenges for conduction block and pain inhibition. The onset of high-frequency stimulation can cause strong excitation of muscle efferent Aα fibers and non-nociceptive afferent Aβ fibers. This can lead to intense uncomfortable onset responses, muscle twitch, spasm, paresthesia, and, sometimes, allodynia after injury ([@R7]). In addition, high-frequency AC typically induces conduction block in low-threshold, large-diameter Aα/β fibers, but it is much less effective in suppressing the small-diameter nociceptive Aδ/C fibers ([@R8]).

Direct current (DC) delivered extracellularly is known to block the propagation of action potentials (APs) ([@R9]). Applications of DC for interfacing with the neural tissue, however, have been confined to laboratory studies and experimental short-term procedures because DC inherently violates safety charge injection criteria at the metal electrode--tissue interface. However, with the recent invention of safe direct current stimulation (SDCS) and the use of a modified separated interface nerve electrode, the possibility of using DC for neural interfacing in the form of an implantable prosthesis has emerged as a practical consideration. SDCS technology uses microfluidic valves to rectify the charge-balanced biphasic pulses delivered to metal electrodes within the implant to direct ionic current at the output of the device. SDCS thus offers the possibility of using a chronically implanted device to deliver ionic direct current (iDC) to block pain propagation ([@R10]).

To predict how iDC might affect different types of afferent sensory neurons, we first considered how AC electrical stimulation affects these neurons. Extracellularly delivered electrical pulses can alter the electrophysiological properties of large-diameter fibers at current amplitudes substantially lower than those needed to control small-diameter neurons ([@R11]). If this assertion were to hold true when delivering iDC blocking current instead of short pulses to the peripheral nerve, we would expect to preferentially suppress the large-caliber sensory fibers at relatively low amplitudes and only block the small nociceptive fibers as the amplitude of the stimulation current is increased. However, on the basis of the previously published neural modeling and electrophysiological findings, we hypothesized that the preferential effect on large- versus small-diameter fibers would actually be reversed when using cathodic (negative) iDC delivered to the peripheral nerve for an extended duration. If so, the delivery of cathodic iDC should preferentially suppress the small-diameter "pain" fibers while allowing the sensory information to propagate normally through the large-diameter neurons.

iDC block modeling
------------------

The basis for the hypothesis that iDC block could have preferential suppression of small-diameter pain fibers is as follows: First, modeling results by Bhadra and Kilgore ([@R9]) using NEURON software suggest that long-duration current delivery requires similar current amplitude to block large- or small-diameter fibers. This effect is very different from the short-duration pulses that are well known to have a much stronger influence at any given current amplitude on the large-diameter axons. The model constructed by these investigators used the same voltage-gated channel models for large- and small-diameter neurons. Voltage-gated sodium channels (VGSCs) are important to the conduction and propagation of APs along the axons. Our second argument is that, on the basis of the differences in the electrophysiological response properties of the VGSCs expressed in the membranes of small- versus large-caliber neurons in peripheral nerves, we would expect cathodic iDC to block AP propagation in small-caliber fibers more efficiently than that in large-diameter axons.

Both cathodic (negative) iDC and anodic (positive) iDC delivered to an extracellular electrode have demonstrated the ability to block neural activity, albeit through different mechanisms. Whereas anodic extracellular iDC is the most intuitive method to block neural activity, by delivering a strong hyperpolarizing effect on the membrane potential, cathodic depolarizing iDC was shown to require substantially lower current amplitude to achieve neural block. Although the delivery of cathodic extracellular current depolarizes the neural membrane, its ability to achieve neural block is attributed to holding the VGSCs in their inactivated state and preventing them from recovering from inactivation. This mechanism driven by cathodic depolarizing iDC would prevent the sodium current from flowing into the cell to propagate the AP at the location of the block ([@R9]).

VGSCs involved in peripheral afferent signal propagation
--------------------------------------------------------

Because cathodic iDC blocks neural activity by controlling the recovery from inactivation in VGSCs ([@R9]), the ability of the iDC at a given amplitude to block the propagation of an AP should depend on the electrophysiological properties of the particular variety of VGSCs present in the neuron's membrane. Ten varieties of VGSCs (Na~v~ 1.1 to Na~v~ 1.9 and Na~x~) are currently known ([@R12], [@R13]). They are preferentially expressed in different neuronal subtypes, as well as in different subdomains of a particular neural type throughout the nervous system. Because we are interested in blocking the AP propagation in the axons of the peripheral nerve, we needed to find the VGSCs that would be differentially present in the axons of the large- and small-caliber afferent neurons.

Specific to peripheral nerves, Na~v~ 1.1 and Na~v~ 1.6 are preferentially expressed in the membranes and nodes of Ranvier of the large-diameter sensory neurons ([@R14], [@R15]), whereas Na~v~ 1.7, Na~v~ 1.8, and Na~v~ 1.9 dominate the VGSC expression in the small-diameter afferents ([@R16]). In these small-caliber fibers, Na~v~ 1.7 is preferentially expressed in nerve terminals ([@R17]) and in the C fiber axons ([@R18]). Na~v~ 1.8 is confined to the cell body and terminal arbor ([@R16], [@R19]) and not in the axons of the fibers. Na~v~ 1.9 is expressed broadly in the nodes of Ranvier ([@R20]) of the small-caliber myelinated fibers. Because our modeling goal in this work was to investigate the hypothesis that the differences in VGSCs could give rise to the inverse recruitment of the fibers to iDC, we wanted to focus our examination on the large sensory Aβ fibers and compare their sensitivity to iDC block to that of the nociceptive C fibers. We therefore conducted a further review of the electrophysiological properties of Na~v~ 1.1, Na~v~ 1.6, and Na~v~ 1.7.

Na~v~ 1.1, Na~v~ 1.6, and Na~v~ 1.7 belong to a class of VGSCs called TTX-S, characterized by their sensitivity to tetrodotoxin, rapid activation, low thresholds, and rapid inactivation ([@R21]). Although both Na~v~ 1.1 and Na~v~ 1.6 are known to be expressed in the Aβ fibers, their relative contribution is unknown. However, only Na~v~ 1.6 is characterized by its inability to completely inactivate. Once inactivated, this channel retains a persistent Na^+^ current at 10 to 20% of its original activated state ([@R22]). Accordingly, we postulate that this inability to completely inactivate could increase the amplitude required to hold a complete cathodic iDC block on large-caliber sensory fibers. In contrast, Na~v~ 1.7 is characterized by complete inactivation but very slow recovery from inactivation.

RESULTS
=======

Model comparing small- versus large-diameter fiber membrane voltage in response to prolonged stimulation
--------------------------------------------------------------------------------------------------------

To examine the stimulation effect on the membrane of a large- versus a small-diameter neuron, we used the extracellular stimulation cable model equations ([@R11], [@R23]) implemented in MATLAB. We modeled the extracellular stimulation effect on the membrane potential of a small 1-μm unmyelinated fiber (like the nociceptive C fiber) and a large 10-μm-diameter myelinated fiber (like the non-nociceptive Aβ fiber) positioned at 1 mm from an extracellular electrode set to deliver −500 μA stimulation for 1 s. We recorded the change in membrane potential at 1 μs, 10 μs, 100 μs, 1 ms, 10 ms, 100 ms, and 1 s after stimulation onset. To focus on the size of the fibers alone rather than on the effect of the AP generation mechanism, we modeled the membranes at the initial state of −70 mV resting potential with no ion channels present in the membrane ([Fig. 1](#F1){ref-type="fig"}). At 100 μs after stimulus onset, the simulation result agrees with the well-accepted notion that large-diameter neurons have a low threshold, whereas small-diameter fibers have a high threshold. The difference in the response of the two fibers to the same stimulus indicates that the large-caliber neuron is strongly depolarized, whereas the membrane of the small-caliber neuron is only slightly affected ([Fig. 1A](#F1){ref-type="fig"}). This difference in membrane potential of the large- versus small-diameter fibers disappears, however, with prolonged stimulation. After the stimulus has been delivered for 1 s, the membrane potential of the two neurons is nearly identical ([Fig. 1B](#F1){ref-type="fig"}). Our conclusion from this modeling effort is that, in contrast to the clear difference in thresholds to short pulses, the same amplitude stimulus affects large- and small-caliber neurons in the same way when the stimulus is delivered over long durations ([Fig. 1C](#F1){ref-type="fig"}). This observation implies that any difference in the ability of the DC block to affect AP propagation must be attributable to factors other than the difference in axon diameters per se.

![Model of neural membrane responses of a 10-μm axon (like the Aβ sensory fiber) versus a small 1-μm axon (like the pain-carrying C fiber) to a −500-μA stimulus delivered at 1-mm distance at *x* = 0 cm for varying durations.\
(**A**) Membrane potential along the neuron of the two fibers after 100 μs of stimulation. (**B**) Membrane potential of the two fibers after 1 s of stimulation. (**C**) Maximum membrane voltage of the two fibers as a function of stimulus duration.](aaq1438-F1){#F1}

The second modeling experiment that we conducted used the same cable model as the one described above, but we also populated the axons with the computational models of voltage-gated potassium and sodium channels ([@R24]). We applied a cathodic iDC block at various amplitudes at 0 cm along the axon. In contrast to the case when no channels were present in the membrane, the membrane potential reached steady state within 100 ms of the block onset. This stabilization time is much shorter than the 1-s case presented earlier because the ion channels modeled in this membrane provide conductive ionic leakage currents in parallel with the capacitive transmembrane current, thereby lowering the membrane potential response time. Then, once the membrane potential reached steady state, we delivered a short 1-ms depolarizing pulse at −15 cm to test whether the DC block prevented the AP from propagating past it. The large-diameter myelinated fibers were populated with Na~v~ 1.6 sodium channel ([@R25]) and Hodgkin-Huxley (HH) potassium channel models with the standard approximation of 2.5-μm-long nodes of Ranvier separated by 1-mm-long myelin sheaths. The small unmyelinated fiber was populated with Na~v~ 1.7 ([@R25]) and HH potassium channel models. The models were otherwise identical in all regards in that they contained identical densities of potassium and sodium channels, as well as identical leakage conductivity in their membranes. They differed only in the types of sodium channel that were present in their membranes. The models were validated for their AP propagation speed and recovery rates. The large-diameter Aβ fiber AP propagation was 42 m/s (compared to the typical 30 to 80 m/s) with up to 120 spikes/s firing rate, whereas the small unmyelinated C fiber model propagated APs at an appropriate 1.8 m/s (compared to the typical range of 0.5 to 2 m/s) with up to 15 spikes/s firing rate, also appropriate for the C fibers.

As an example of the computational modeling exercise, the insufficient iDC amplitude block at 600-μA cathodic stimulation does not stop the AP from propagating, but a high enough amplitude at 900 μA does ([Fig. 2A](#F2){ref-type="fig"}). As expected, the excitatory threshold for the Aβ fiber at 250 μA for a 500-μs pulse was much lower compared to the 3700-μA pulse needed to evoke AP in a C fiber ([Fig. 2B](#F2){ref-type="fig"}, left). We then tested the ability of the fibers to block AP propagation. We observed that before we initiated the iDC block, at membrane resting potential, the steady state of the C fiber Na~v~ 1.7 channels was 97% inactivated with only 3% in a closed state. In contrast, the Na~v~ 1.6 channels of the Aβ fibers were 70% in the closed state with 30% inactivated. Therefore, cathodic block should be easier to establish and maintain with the Na~v~ 1.7 channels that are close to being completely inactivated at rest. Consistent with the hypothesis and this observation, we needed 670 μA to block the Aβ fibers, compared to only 290 μA needed to block the C fiber AP propagation ([Fig. 2B](#F2){ref-type="fig"}, right).

![Model of the AP block and the effect of two types of channels on the block threshold.\
(**A**) Model results showing the propagation of AP in the large 10-μm Aβ fiber model sufficiently blocked at 0 cm on the left and insufficiently blocked on the right. (**B**) Small-diameter unmyelinated axon (1 μm) and large-diameter myelinated axon (10 μm) are populated programmatically with the models of Na~v~ 1.7 or Na~v~ 1.6 VGSCs, respectively. Bars on the left show the stimulation threshold for a 500-μs pulse necessary to depolarize the 10-μm Aβ fiber (gray) versus the 1-μm unmyelinated C fiber (red). The bars on the right show the respective amplitude of the iDC necessary to block the propagation of AP in the Aβ versus the C fibers.](aaq1438-F2){#F2}

In vivo examination of cathodic iDC block in rats
-------------------------------------------------

On the basis of the difference in channel dynamics and the predictions from the results of the membrane model, we hypothesized that cathodic iDC applied to the nerve might preferentially inhibit small-caliber nociceptive fibers. Therefore, we examined the effects of iDC on AP conduction in the sciatic nerve of an anesthetized rat preparation in which the distal end of the nerve was fully depolarized with a strong simulation pulse and the nerve blocking iDC current was delivered proximally. We extensively evaluated the ability of the iDC current to suppress AP propagation using three in vivo approaches. We assayed responses by recording compound action potential (CAP) in the nerve and by recording two features of spinal nociceptive transmission, namely, local field potential (LFP) and responses of wide dynamic range (WDR) neurons in the dorsal horn.

Cathodic iDC suppresses AP conduction in peripheral nerves
----------------------------------------------------------

Using CAP recordings at the dorsal root, we first examined how cathodic iDC applied at the sciatic nerve broadly affects the conduction properties of peripheral Aα/β fibers and Aδ fibers in rats. We gradually increased iDC amplitude in a stepwise fashion (0.1 to 0.8 mA, 2 min per amplitude) and recorded the CAP evoked by a high-intensity test pulse (5 mA, 0.5 ms, biphasic, every 20 s) applied at the distal sciatic nerve before, during, and after iDC ([Fig. 3A](#F3){ref-type="fig"}). The amplitudes of Aα/β and Aδ CAP were measured and normalized to pre-iDC baseline ([Fig. 3B](#F3){ref-type="fig"}). This pattern of cathodic iDC decreased the amplitudes of CAPs mediated by myelinated Aα/β fibers and Aδ fibers with increasing iDC amplitude over time (*n* = 7; [Fig. 3](#F3){ref-type="fig"}, B and C). The Aα/β CAP was significantly inhibited by 0.4 to 0.8 mA iDC, whereas Aδ CAP was significantly reduced by iDC at the lower amplitude of 0.2 mA ([Fig. 3C](#F3){ref-type="fig"}). Furthermore, the Aδ CAP amplitude remained significantly lower than the pre-iDC baseline at 1 to 5 min after cessation of the highest iDC. However, Aα/β CAP quickly recovered to pre-iDC levels ([Fig. 3C](#F3){ref-type="fig"}).

![Cathodic iDC at the sciatic nerve induces inhibition of AP conduction in the peripheral nerve.\
(**A**) Experimental setup for recording CAPs at the dorsal root in response to a test pulse (5 mA, 0.5 ms) applied at the distal sciatic nerve in rats. Monopolar cathodic iDC (0.1 to 0.8 mA, 2 min per amplitude) was applied to the sciatic nerve at mid-thigh level. DRG, dorsal root ganglion. (**B**) Examples of dorsal root CAPs evoked by the test stimulation before and after iDC stimulation. CAPs reveal two distinct groups of waves corresponding to Aα/β fiber and Aδ fiber activation. The amplitude of each CAP was measured from the positive peak to the negative peak of the waveform. (**C**) The amplitudes of Aα/β and Aδ CAPs decreased progressively as amplitudes of iDC stimulation increased (0.1 to 0.8 mA, 2 min per amplitude) and gradually recovered at 1 to 5 min after iDC stimulation. \**P* \< 0.05 versus pre-iDC baseline; ^\#^*P* \< 0.05 versus the indicated group at post-iDC, two-way repeated-measures analysis of variance (ANOVA) with Tukey post hoc test. Data are mean + SEM (*n* = 7).](aaq1438-F3){#F3}

Cathodic iDC inhibits broad nociceptive transmission in the dorsal horn
-----------------------------------------------------------------------

Because the conduction velocity (CV) of C fibers is slow and the conduction distance is long, the effects of iDC on AP conduction in small-diameter C fibers cannot be readily examined by dorsal root CAP assay. Small-diameter C fibers terminate principally at the superficial laminae (I to III) of the spinal dorsal horn ([@R26]). Spinal LFPs corresponding to C fiber (C-LFP) and to non-nociceptive Aα/β fiber (A-LFP) activation can be readily distinguished on the basis of activation threshold and CV. Therefore, we recorded spinal LFPs to examine changes in broad spinal transmission of non-nociceptive and nociceptive inputs, as we applied intervening cathodic iDC at the sciatic nerve ([Fig. 4A](#F4){ref-type="fig"}). The iDC protocol was the same as that in the study of CAP. We gradually increased iDC amplitude in a stepwise fashion (0.1 to 0.8 mA, 2 min per amplitude) and recorded the spinal LFP evoked by a high-intensity test pulse (25 V, 0.5 ms, biphasic) applied at the distal sciatic nerve before, during, and after iDC. The size of A-LFP (peak amplitude) and C-LFP (area under the waveform) was normalized to pre-iDC baseline ([@R27]). Cathodic iDC (2 min) produced a time-dependent inhibition of both A-LFP and C-LFP that increased with iDC amplitude (*n* = 8; [Fig. 4](#F4){ref-type="fig"}, B and C). C-LFP was significantly inhibited by iDC at a lower amplitude than that needed to inhibit A-LFP ([Fig. 4C](#F4){ref-type="fig"}). Furthermore, after the highest iDC was terminated, the C-LFP remained significantly decreased from the pre-iDC baseline for 2 min, but the reduction in A-LFP quickly reversed ([Fig. 4C](#F4){ref-type="fig"}). These findings suggest that cathodic iDC may induce a preferential and longer inhibition of C-LFP over A-LFP.

![Cathodic iDC at the sciatic nerve suppresses spinal LFP to peripheral test stimulation in an intensity-dependent manner.\
(**A**) Experimental setup for recording LFP from the superficial dorsal horn at the L4 spinal level to a test pulse (25 V, 0.5 ms) applied at the distal sciatic nerve in rats. Monopolar cathodic iDC stimulation was applied to the sciatic nerve at mid-thigh level. (**B**) Example traces show spinal LFP evoked by test stimulation before and after iDC stimulation. LFPs corresponding to A fiber and C fiber activation were distinguished on the basis of latency. The peak amplitude of A-LFP and area under the curve (AUC; shaded area) of C-LFP were measured off-line. (**C**) The amplitude of A-LFP and AUC of C-LFP decreased progressively as amplitudes of iDC increased (0.1 to 0.8 mA, 2 min per amplitude) and gradually recovered during the first 5 min after iDC cessation.\**P* \< 0.05 versus pre-iDC baseline; ^\#^*P* \< 0.05 versus the indicated group at post-iDC, two-way repeated-measures ANOVA with Tukey post hoc test. Data are mean + SEM (*n* = 8).](aaq1438-F4){#F4}

Cathodic iDC preferentially inhibits C fiber--mediated responses in WDR neurons
-------------------------------------------------------------------------------

Random neural activity cannot be readily examined in dorsal root CAP and spinal LFP assays because these methods are optimized to detect compound neuronal activity. WDR neurons are second-order neurons in the dorsal horn that receive convergent non-noxious (Aβ fiber) and noxious (Aδ, C fibers) inputs and play an important role in spinal pain processing ([@R28], [@R29]). The number of APs in Aα/β, Aδ, and C components of WDR neurons can be separated in rats based on their latencies. Therefore, we conducted extracellular single-unit recording of WDR neurons in the deep dorsal horn (laminae III to V) to further examine whether cathodic iDC may differentially affect the transmission of inputs mediated by Aα/β, Aδ, and C fibers ([Fig. 5A](#F5){ref-type="fig"}). WDR neuronal responses to a high-intensity test pulse (5 mA, 2 ms) applied at the cutaneous receptive field were recorded before, during, and 0 to 5 min after cessation of iDC (0.1 to 0.8 mA, 2 min per amplitude). The Aα/β, Aδ, and C components of WDR neurons were normalized to pre-iDC baseline. Cathodic iDC induced an intensity-dependent decrease in Aα/β, Aδ, and C components of WDR neurons in rats (*n* = 11; [Fig. 5](#F5){ref-type="fig"}, B and C). Consistent with our hypothesis, the inhibition of the C component was significantly stronger than the inhibition of the Aα/β component during high-amplitude iDC in rats ([Fig. 5C](#F5){ref-type="fig"}), suggesting that iDC might preferentially inhibit nociceptive transmission in WDR neurons. Furthermore, after the termination of iDC, the inhibition of the C component persisted for up to 5 min, but the Aα/β component quickly recovered to baseline ([Fig. 5C](#F5){ref-type="fig"}).

![Cathodic iDC at the sciatic nerve induces preferential inhibition of WDR neuronal responses to nociceptive afferent inputs.\
(**A**) Experimental setup for recording of WDR neurons from the dorsal horn to a test pulse (5 mA, 2 ms) applied to the hind paw of rats. Monopolar cathodic iDC stimulation (0.1 to 0.8 mA, 2 min per amplitude) was applied to the sciatic nerve at mid-thigh level. (**B**) Example of WDR neuron responses evoked by the test stimulation before and after iDC stimulation. WDR neuron responses can be divided into Aβ (0 to 25 ms), Aδ (25 to100 ms), and C (100 to 500 ms) components in rats based on the activation threshold and response latency. (**C**) The number of APs evoked in WDR neurons by test stimulation decreased as amplitudes of iDC increased (0.1 to 0.8 mA, 2 min per amplitude) and increased in the first 5 min after iDC stimulation ended. \**P* \< 0.05 versus pre-iDC baseline; ^\#^*P* \< 0.05 versus the indicated group at post-iDC; two-way repeated-measures ANOVA with Tukey post hoc test. Data are expressed as mean + SEM, *n* = 11.](aaq1438-F5){#F5}

DISCUSSION
==========

We explored the potential for iDC to preferentially block small-diameter nociceptive fibers and allow larger-diameter fibers to propagate APs to conduct sensory information. Our modeling results suggest that the ability to create this preferential nociceptive block could be partially due to the type of VGSCs present in the membranes of large- versus small-diameter neurons. Together, the neurophysiological and modeling results offer exciting engineering possibilities for developing a "safe direct current stimulator"--type device ([@R10], [@R30]) that could safely deliver ionic current for an extended duration as an alternative treatment option to control neuropathic pain.

A practical exploration path that follows from our present findings would be to define the effects of the iDC blocking mechanism on the overall pain pathway. Our investigation was limited to observing AP propagation at the periphery. The overall perception of pain is more complicated, and it depends on the circuits within the spinal cord where the interactions between the sensory and nociceptive pathways integrate in a nontrivial fashion. The effect of preferentially suppressing the small-caliber fibers on overall pain-related neurotransmission would need to be addressed through more thorough neurophysiological and behavioral studies.

Na~v~ 1.1 and Na~x~ are known to be expressed to some degree in the axons of the large Aβ neurons, and their contribution to signal transmission along the axon is not modeled here, where we focused on investigating the broad selectivity principle of iDC applied to VGSCs that were likely to contribute to the cathodic iDC block, namely, Na~v~ 1.6 and Na~v~ 1.7. In addition, although a wide range of voltage-gated potassium channel varieties are known to exist, we did not model their differences because we chose to focus our attention on the VGSCs that were strongly implicated (over the potassium channel dynamics) by previous work on the iDC block ([@R9]). Further detailed and more accurate neural population models that contain the multiple types of voltage-gated channels in the correct densities and in the proper populations of neurons will allow the generation of highly concrete and testable hypotheses associated with using the iDC for pain suppression. Our goal in this work was to show that, in principle, the variability in VGSCs in the peripheral axons can introduce an inverse recruitment of neural block, and this is consistent with our experimental conclusions.

We believe that iDC represents a powerful complementary method of cybernetic communication with the nervous system. In contrast to using short pulses, this method can allow selective addressing of neurons based on their membrane channel dynamics rather than on their axon diameter. Independent of its use in neuropathic pain suppression, we believe that the results of our investigation provide a strong motivation and a direction for further exploration of the iDC neuromodulation methodology.

MATERIALS AND METHODS
=====================

Modeling
--------

We used the standard computational implementation of the cable model to describe the effect of the extracellular stimulation on the membrane potential of an axon ([@R11], [@R23], [@R24], [@R31]). We used HH-based equations and Markov models to simulate the voltage-gated currents in the axonal membrane ([@R11], [@R24]). We conducted two sets of simulations in MATLAB. The first modeled the effect of the extracellular stimulation on a membrane that contained no ionic conductances to compare the effect of DC stimulation on the axons of different amplitudes per se. We then added the models of the voltage-gated sodium and potassium channels into the membranes of the simulated axons to determine the effect of these channels on neural block.

Extracellular neural stimulation model
--------------------------------------

Extracellular potential is described as a sum of superimposed electric fields in a homogeneous medium of extracellular resistivity ρ~*e*~ = 0.3 kilohm · cm in response to current $\mathit{I}_{\mathit{e}_{\mathit{i}}}(\mathit{t})$ delivered from an electrode *i* placed above the axon positioned on the *x* axis, with its placement described as (*x*~*i*~, *z*~*i*~) in centimeters.$$\mathit{V}_{\mathit{e}}(\mathit{t}) = \sum_{\mathit{i} = 1}^{\mathit{n}}\frac{\rho_{\mathit{e}}\mathit{I}_{\mathit{e}_{\mathit{i}}}(\mathit{t})}{4\pi\sqrt{\mathit{x}_{\mathit{i}}^{2} + \mathit{z}_{\mathit{i}}^{2}}}$$where *n* is the number of electrodes.

Membrane potential *V*~*m*~ was described in millivolts as a time-varying differential equation using the standard cable model. In the model, *D* is the diameter of the neuron, *L* is the length of the node of Ranvier in centimeters, and Δ*x* is the length of the single myelin sheath in centimeters. The membrane had a capacity (*c*~*m*~) of 1 μF/cm^2^ , and internal resistivity (ρ~*i*~) was equal to 0.03 kilohm · cm. For the myelinated fiber in our model, we assumed that Δ*x* = 100 *D* and nodes or Ranvier were 2.5 μm, with *L* = 0.00025 cm. For the unmyelinated fiber, we assumed that Δ*x* = *L* = 0.01 cm.$${\overset{.}{\mathit{V}}}_{\mathit{m}} = \frac{1}{\mathit{c}_{\mathit{m}}}\left( - \mathit{I}_{\text{ionic}} + \frac{\mathit{D}\Delta\mathit{x}}{4\rho_{\mathit{i}}\mathit{L}}.\left( \frac{\partial^{2}\mathit{V}_{\mathit{m}}}{\partial\mathit{x}^{2}} + \frac{\partial^{2}\mathit{V}_{\mathit{e}}}{\partial\mathit{x}^{2}} \right) \right)$$

For the first simulation in which we wanted to observe the effect of cellular potential on the cellular membrane with no ionic channels, we set *I*~ionic~ = 0. We then ran the model for two fibers: a myelinated fiber (length, 40 cm) positioned with its center at *x* = 0 (for a 10-μm fiber, *D* = 0.0010 cm) and a 1-μm unmyelinated fiber (*D* = 0.0001 cm). For each, we delivered current from a single electrode driving −500 μA positioned 1 mm above the fiber at 0 cm along the membrane, that is, *n* = 1, *I*~*e*~ = − 500, *x* = 0, and *z* = 0.1. We collected the simulated membrane potential *V*~*m*~ at 0.001, 0.01, 0.1, 1, 10, 100, and 1000 ms. We used a time step of *dt* = 0.001 ms for these simulations.

For the second experiment, we introduced ionic channels into the membrane, with *I*~ionic~ = (*I*~*Na*~ + *I*~*K*~ + *I*~*L*~ )*A*~*g*~, where the current was represented per membrane surface area in microamperes per square centimeter. *I*~ionic~ was normalized to the membrane area of a 10-μm fiber and the 2.5-μm length of the node of Ranvier, with a surface area (*A*~ranv~) of 0.001 cm(π)(0.00025 cm). For the 10-μm myelinated fiber, *A*~*g*~ = 1, and for the 1-μm unmyelinated fiber, $\mathit{A}_{\mathit{g}} = \frac{0.0001~\text{cm}(\pi)(0.01~\text{cm})}{\mathit{A}_{\text{ranv}}} = 4$.

### Leakage current density

$$\mathit{I}_{\mathit{L}} = 0.01(\mathit{V} - 54.4)$$

### Voltage-gated potassium channel

We implemented a standard HH potassium channel model.$$\begin{matrix}
{\mathit{V}_{\mathit{k}} = - 90.8~\text{mV},~\mathit{g}_{\mathit{k}} = 100} \\
{\alpha_{\mathit{n}} = \frac{0.01(\mathit{V} + 55)}{1 - \left( \mathit{e}^{\frac{- (\mathit{V} + 55)}{10}} \right)}} \\
{\beta_{\mathit{n}} = 0.125\mathit{e}^{\frac{- (\mathit{V} + 65)}{80}}} \\
{\overset{.}{\mathit{n}} = \alpha_{\mathit{n}}(1 - \mathit{n}) - \beta_{\mathit{n}}\mathit{n}} \\
{\mathit{I}_{\mathit{K}} = \mathit{g}_{\mathit{K}}\mathit{n}^{4}(\mathit{V} - \mathit{V}_{\mathit{K}})} \\
\end{matrix}$$

### VGSC model

Because we formed our hypothesis around the behavior of the VGSCs, we used the models of all known VGSC channels unified in one dynamic Markov-type model recently published by Balbi *et al*. ([@R25]) ([Fig. 6](#F6){ref-type="fig"}). This study describes the computational model with specific parameters for every known VGSC validated against the published electrophysiological data. For the model, we assumed that *g*~*na*~ = 300 and *V*~*Na*~ = 47.6.$$\mathit{I}_{\mathit{N}\mathit{a}} = \mathit{g}_{\mathit{n}\mathit{a}}\mathit{X}_{\mathit{o}}(\mathit{V} - \mathit{V}_{\mathit{N}\mathit{a}})$$where *X*~*o*~ is the fraction of the open channels.$$\begin{matrix}
{\mathit{X}_{\mathit{o}} = \mathit{O}1 + \mathit{O}2} \\
{\overset{.}{\mathit{C}}1 = \mathit{A}_{\mathit{I}1\mathit{C}1}\mathit{I}1 + \mathit{A}_{\mathit{C}2\mathit{C}1}\mathit{C}2 - (\mathit{A}_{\mathit{C}1\mathit{C}2} + \mathit{A}_{\mathit{C}1\mathit{I}1})\mathit{C}1} \\
{\overset{.}{\mathit{C}}2 = \mathit{A}_{\mathit{C}1\mathit{C}2}\mathit{C}1 + \mathit{A}_{\mathit{O}1\mathit{C}2}\mathit{O}1 + \mathit{A}_{\mathit{O}2\mathit{C}2}\mathit{O}2 - (\mathit{A}_{\mathit{C}2\mathit{C}1} + \mathit{A}_{\mathit{C}2\mathit{O}1} + \mathit{A}_{\mathit{C}2\mathit{O}2})\mathit{C}2} \\
{\overset{.}{\mathit{O}}1 = \mathit{A}_{\mathit{C}2\mathit{O}1}\mathit{C}2 + \mathit{A}_{\mathit{I}1\mathit{O}1}\mathit{I}1 - (\mathit{A}_{\mathit{O}1\mathit{C}2} + \mathit{A}_{\mathit{O}1\mathit{I}1})\mathit{O}1} \\
{\overset{.}{\mathit{O}}2 = \mathit{A}_{\mathit{C}2\mathit{O}2}\mathit{C}2 - \mathit{A}_{\mathit{O}2\mathit{C}2}\mathit{O}2} \\
{\overset{.}{\mathit{I}}1 = \mathit{A}_{\mathit{I}2\mathit{I}1}\mathit{I}2 + \mathit{A}_{\mathit{C}1\mathit{I}1}\mathit{C}1 + \mathit{A}_{\mathit{O}1\mathit{I}1}\mathit{O}1 - (\mathit{A}_{\mathit{I}1\mathit{C}1} + \mathit{A}_{\mathit{I}1\mathit{I}2} + \mathit{A}_{\mathit{I}1\mathit{O}1})\mathit{I}1} \\
{\overset{.}{\mathit{I}}2 = \mathit{A}_{\mathit{I}1\mathit{I}2}\mathit{I}1 - \mathit{A}_{\mathit{I}2\mathit{I}1}\mathit{I}2} \\
\end{matrix}$$

![Markov state transition model of the VGSCs.\
*I*1 and *I*2 are the inactivated states, *C*1 and *C*2 are closed states, and *O*1 and *O*2 are open states. Adapted with permission from Balbi *et al*. ([@R25]).](aaq1438-F6){#F6}

*A*~ω~ = *A*~*s1s2*~ is the rate of state transition from state S1 to state S2.$$\mathit{A}_{\omega} = \mathit{B}_{\mathit{h}}^{\omega}\left\lbrack 1 + \mathit{e}^{(\frac{\mathit{V} - \mathit{V}_{\mathit{h}}^{\omega}}{\mathit{K}_{\mathit{h}}^{\omega}})} \right\rbrack^{- 1} + \mathit{B}_{\mathit{d}}^{\omega}\left\lbrack 1 + \mathit{e}^{(\frac{\mathit{V} - \mathit{V}_{\mathit{d}}^{\omega}}{\mathit{K}_{\mathit{d}}^{\omega}})} \right\rbrack^{- 1}$$

Given the following definition for the function *A* that computes *A*~ω~

*A*~ω~ = *A*(*B*~*h*~, *V*~*h*~, *K*~*h*~, *B*~*d*~,*V*~*d*~, *K*~*d*~, *V*)

For Na~v~ 1.6:

*A*~*C*1*C*2~ = *A*(0, 0, 0, 14, −8, −10, *V*)

*A*~*C*2*C*1~ = *A*(2, −38, 9, 14, −8, −10, *V*)

*A*~*C*2*O*1~ = *A*(0, 0, 0, 14, −18, −10, *V*)

*A*~*O*1*C*2~ = *A*(4, −48, 9, 14, −18, −10, *V*)

*A*~*C*2*O*2~ = *A*(0, 0, 0, 0.0001, −10, −8, *V*)

*A*~*O*2*C*2~ = *A*(0.0001, −55, 10, 0.0001, −20, −5, *V*)

*A*~*O*1*I*1~ = *A*(6, −40, 13, 10, 15, −18, *V*)

*A*~*I*1*O*1~ = *A*(0.00001, −40, 10, 0, 0, 0, *V*)

*A*~*I*1*C*1~ = *A*(0.1, −86, 9, 0, 0, 0, *V*)

*A*~*C*1*I*1~ = *A*(0, 0, 0, 0.08, −55, −12, *V*)

*A*~*I*1*I*2~ = *A*(0, 0, 0, 0.00022, −50, −5, *V*)

*A*~*I*2*I*1~ = *A*(0.0018, −90, 30, 0, 0, 0, *V*)

and for Na~v~ 1.7:

*A*~*C*1*C*2~ = *A*(0, 0, 0, 16, −18, −9, *V*)

*A*~*C*2*C*1~ = *A*(6, −48, 9, 16, −18, −9, *V*)

*A*~*C*2*O*1~ = *A*(0, 0, 0, 16, −23, −9, *V*)

*A*~*O*1*C*2~ = *A*(2, −53, 9, 16, −23, −9, *V*)

*A*~*C*2*O*2~ = *A*(0, 0, 0, 0.01, −35, −5, *V*)

*A*~*O*2*C*2~ = *A*(3, −75, 5, 0.01, −35, −5, *V*)

*A*~*O*1*I*1~ = *A*(4, −52, 12, 8, −27, −12, *V*)

*A*~*I*1*O*1~ = *A*(0.00001, −52, 10, 0, 0, 0, *V*)

*A*~*I*1*C*1~ = *A*(0.085, −110, 5, 0, 0, 0, *V*)

*A*~*C*1*I*1~ = *A*(0, 0, 0, 0.025, −55, −20, *V*)

*A*~*I*1*I*2~ = *A*(0, 0, 0, 0.00001, −80, −20, *V*)

*A*~*I*2*I*1~ = *A*(0.00001, −80, 20, 0, 0, 0, *V*)

We modeled a 10-μm-diameter myelinated Aβ sensory fiber populated with the Na~v~ 1.6 model and then a 1-μm-diameter unmyelinated C fiber populated with the Na~v~ 1.7 model. We simulated AP propagation for each fiber and found the propagation speed, as well as the maximum firing rate, to ensure that the models produced reasonable estimates for each. For each simulation, we modeled a blocking iDC current delivered to an electrode positioned at *x* = 0 cm and *z* = 0.1 cm. Once the membrane current reached steady state (40 ms for the Aβ fiber and 80 ms for the C fiber), we added a 1-ms stimulation pulse delivered at *x* = −15 cm and *z* = 0.01 cm for the Aβ fiber and at *x* = −1.5 cm and *z* = −0.01 cm for the C fiber to depolarize the membrane. The AP then propagated toward both ends of the simulated membrane until it reached the 0-cm point at which it encountered the neural block. We iterated this simulation for each condition multiple times until we found the minimum block amplitude that could effectively stop the AP from continuing its propagation across the block. We also investigated the minimum amplitude of a 500-μs pulse needed to depolarize the membrane of the two fibers.

Animals
-------

Adult male Sprague-Dawley rats (300 to 400 g; Harlan Bioproducts for Science) were used in electrophysiological recordings. Animals were housed under optimal laboratory conditions with a 12-hour light/dark cycle and free access to food and water. All procedures were approved by the Johns Hopkins University Animal Care and Use Committee (Baltimore, MD, USA) as consistent with the National Institutes of Health Guide for the Use of Experimental Animals to ensure minimal animal use and discomfort.

CAP recording at dorsal roots
-----------------------------

CAPs were recorded at the L4 dorsal root by a metal hook electrode and were evoked by high-intensity test pulses (5 mA, 0.5 ms, biphasic) applied at the distal sciatic nerve in rats. CAP waveforms corresponding to Aα/β fiber and Aδ fiber activation were distinguished on the basis of the CV ([@R32]--[@R34]). The amplitude of CAP was measured from the positive peak to the negative peak of the waveform. Because of the long conduction distance and slow CVs in C fibers, C CAP could not be readily examined in the current setup.

Spinal LFP recording
--------------------

We recorded LFP in the lumbar dorsal horn of rats under isoflurane anesthesia (1.5%) using an experimental setup similar to that described in our previous study ([@R27]). The dura overlying the recording segment (L4) was removed so that the fine tip of the tungsten recording microelectrode (1 milliohm at 1 kHz; Frederick Haer Company) would not be damaged as it was inserted into the dorsal horn. The LFP evoked by C fiber inputs (C-LFP) showed a long latency (90 to 130 ms) and high threshold to test stimulation (7 to 13 V, 0.5 ms) and was recorded at a depth ranging from 100 to 500 μm below the surface. A bandwidth of 1 to 300 Hz was used to remove artifacts without altering the C-LFP. A real-time, computer-based data acquisition and processing system (CED Spike 2) was used to collect analog data. Spinal LFP evoked by high-intensity test stimulation (25 V, 0.5 ms, 1 test per minute) at the sciatic nerve was examined 10 min before iDC (baseline), during iDC, and 0 to 10 min after iDC cessation.

Spinal WDR neuron recording
---------------------------

In anesthetized rats, we performed a tracheotomy, initiated mechanical ventilation, and made extracellular recordings of single dorsal horn neuronal activity as described in our previous studies ([@R32], [@R33]). Briefly, a laminectomy was performed at vertebral levels T12 to L1 to expose the lumbar enlargements of spinal segments L3 to L5. During neurophysiological recording, animals were paralyzed with intraperitoneal pancuronium bromide (0.15 mg/kg; Elkins-Sinn Inc.) to facilitate controlled ventilation. We measured the activity of single neurons through extracellular recordings with fine-tip (\<1.0 μm) Parylene-coated tungsten microelectrodes (3 milliohms at 1 kHz; Frederick Haer Company). Analog data were collected with a real-time, computer-based data acquisition and processing system (CED Spike 2). Deep WDR neurons were identified according to recording depths of 500 to 1000 μm, ranging from spinal laminae III to V ([@R28], [@R32]). The evoked responses of WDR neurons to high-intensity electrical test stimuli (5 mA, 2 ms, biphasic, 1 test per minute) at the hind paw were examined before, during, and after iDC. The WDR neuronal responses were separated into different components according to activation thresholds and latencies: Aα/β (0 to 25 ms), Aδ (25 to 100 ms), and C (100 to 500 ms).

iDC stimulation
---------------

In general, DC cannot be used safely in implanted prostheses because the charge at the metal-saline interface causes tissue damage and electrode corrosion ([@R35]). To overcome this engineering challenge, we delivered continuous iDC by a constant current source (6221 DC and AC source; Keithley) to the sciatic nerve through microcatheter saline gel--filled DC catheters/tubes, with metal electrodes positioned far from the nerve to mimic safe DC stimulation delivery ([@R10], [@R30]). The tip of the gel-filled DC tube (cathode) was placed in close contact with the nerve at mid-thigh level, with the return electrode (anode) placed in nearby muscle tissue. The sciatic nerve and electrodes were then covered with mineral oil.

Statistical analysis
--------------------

No data were missing for any of the variables. The methods for statistical comparisons in each study are given in the figure legends. The sample size in each study was calculated on the basis of the respective statistical power analysis \[power = 0.080, α = 0.05 (two-sided)\] and previous similar studies ([@R27], [@R34], [@R36]). We randomized animals to different groups and used a blinded experimental design to reduce selection and observation bias. STATISTICA 6.0 (StatSoft Inc.) was used for all statistical analyses. The Tukey honestly significant difference post hoc test was used to compare specific data points. Bonferroni correction was applied for multiple comparisons. Two-tailed tests were performed, and *P* \< 0.05 was considered significant in all tests.
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fig. S1. Example of a real-time output of the MATLAB script provided in the Supplementary Materials.

data file S1. iDCBlock.m MATLAB script that implements the model described in the publication.
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